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ABSTRACT
The commercially important plants in the genus Cyclopia spp. are indigenous to the Cape Floristic Region of South Africa
and are used to manufacture an herbal tea known as honeybush tea. Growing in the low nutrient fynbos soils, these plants
are highly dependent on symbiotic interactions with soil microorganisms for nutrient acquisition. The aim of this study
was to investigate the soil bacterial communities associated with two commercially important Cyclopia species, namely C.
subternata and C. longifolia. Specific interest was the differences between rhizosphere and bulk soil collected from natural
sites and commercially grown plants. Samples were collected on two occasions to include a dry summer and wet winter
season. Results showed that the dominant bacterial taxa associated with these plants included Acidobacteria,
Actinobacteria, Bacteroidetes and Proteobacteria. Commercial and natural as well as rhizosphere and bulk soil samples
were highly similar in bacterial diversity and species richness. Significant differences were detected in bacterial community
structures and co-occurrence patterns between the wet and dry seasons. The results of this study improved our knowledge
on what effect commercial Cyclopia plantations and seasonal changes can have on soil bacterial communities within the
endemic fynbos biome.
Keywords: fynbos; honeybush; 16S rRNA sequencing; soil bacterial communities; co-occurrence

INTRODUCTION
The Cape Floristic Region of South Africa is recognized as one
of the world’s biodiversity hotspots (Cowling et al. 2003). This
region has a Mediterranean climate (Cowling et al. 1996) and is
characterized by many endemic plant species. Cyclopia spp. are
part of a growing list of commercially exploited fynbos plants
and occur in the coastal mountains of the Western and Eastern Cape (Du Toit, Joubert and Britz 1998). This woody legume
is used to prepare an herbal tea known as honeybush tea (Du
Toit, Joubert and Britz 1998; Joubert et al. 2008). The honeybush tea market is rapidly expanding, fuelled by exports to the

Netherlands, Germany and the United Kingdom. On average, 200
tons of honeybush tea is produced per year, 50 tons are packed
for local consumption and 150 tons for export (Joubert et al.
2011). Growing demand for honeybush tea resulted in the overharvesting of natural plants. Subsequently, commercial producers were established in an effort to protect the ecology of this
sensitive ecosystem and to keep up with demand (DAFF 2011).
Plants are highly dependent on interactions with soil bacteria, not only to enhance plant productivity through symbiotic associations with roots (Bonkowski et al. 2000; Franche,
Lindström and Elmerich 2008; Van Der Heijden, Bardgett and
Van Straalen 2008), but also through nutrient cycling processes
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in the soil (Stafford et al. 2005; Van Der Heijden, Bardgett and
Van Straalen 2008). Plants shape the microbial community structure in the rhizosphere by the release of root exudates, which
contain compounds such as organic acids, phenolics, amico
acids, phytosideropheres, vitamins, purines and enzymes into
the soil (Dakora and Phillips 2002). These exudates serve as bacterial growth promoters and communication signals (Haichar
et al. 2014). In return, bacteria play an important role in promoting plant growth through nutrient acquisition, nitrogen fixation, production of hormones and competition with pathogens
(Dakora and Phillips 2002). Many biotic and abiotic factors can
influence the quality and quantity of root exudates released by
the plant including plant species, root age, soil temperature,
water availability and physical disturbance (Jones, Hodge and
Kuzyakov 2004).
Studies on bacteria associated with Cyclopia plants mainly
focused on root nodule bacteria such as Burkholderia tuberum
(Elliott et al. 2007) and other rhizobial strains (Spriggs and Dakora
2007, 2009). However, these studies mainly investigated commercial plants and very little is known about the bacterial
communities associated with natural Cyclopia spp. The need to
better understand the effect of commercial agriculture on soil
bacterial communities, particularly monocultured Cyclopia spp.
in the highly endemic fynbos biome, prompted this study. In
other agricultural systems factors such as agricultural practices,
seasonal changes and the crop types are known to affect the
structure and/or diversity of soil bacterial communities (Bossio
et al. 1998; Smit et al. 2001; Bell et al. 2009; Berthrong, Buckley
and Drinkwater 2013; Montecchia et al. 2015). We, therefore, hypothesized that these three factors will also affect the bacterial community structure associated with Cyclopia fynbos agricultural systems.
The study of soil microbiomes is a challenge due the enormous diversity and complex interactions with other organisms
as well as the environment (Van Der Heijden, Bardgett and Van
Straalen 2008). Limitations of culture-based techniques have
motivated scientists to move towards molecular approaches.
Next-generation sequencing (NGS) technology has made significant progress over the past ten years (Mardis 2008; Metzker
2010; Van Dijk et al. 2014) and is becoming the method of choice
to study microbial community structures and diversity. Using
next generation sequencing we explored the soil bacterial communities associated with two commercially important Cyclopia
species, namely C. subternata and C. longifolia. The objectives
were to characterize the bacterial communities associated with
rhizosphere and bulk soil of natural as well as commercially
grown plants. Furthermore, we also investigated the effect of
seasonal change on the bacterial communities.

MATERIALS AND METHODS
Experimental sites and sample collection
The collection of soil and plant samples was approved by
the conservation authority CapeNature (permit number: 0028AAA008-00150). Six sampling site were selected, two on each of
three farms situated in the Langkloof and surrounding areas,
South Africa (Table 1). The two sites on each farm consisted of
one commercial and one natural Honeybush population.
Each site was sampled in triplicate during the cold, wet winter (May 2014) and the dry, warm summer (January 2015) seasons. In total 36 bulk soil samples were collected up to a depth
of 10 cm. Triplicate samples were pooled and homogenized to
give a total of 12 bulk soil samples. For the collection of the rhi-
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zosphere samples, soil surrounding the plants was carefully removed to depths of 10–20 cm until roots were found. Root fragments, at least 15 cm in length, together with about 200 g of
closely surrounding soil were placed in a sterile plastic bag. Rhizosphere samples of 29 plants were collected from both natural
(16 plants) and commercially (13 plants) grown plants. All samples were stored on ice directly after sampling.

Abiotic soil properties
Soil samples were air dried and sieved (2 mm mesh) to remove
roots and organic debris. The pH of soil slurries (1:1 1.0 M KCl
solution:soil) were measured using a Crison pH-meter Basic 20+
(Crison instruments, Spain). Phosphorous (P; Bray-2P extractant)
concentrations were determined with ICP-OES analysis. Total
soil carbon (C) was analysed through total combustion using a
R CHN analyser (Seal Analytical, USA). Extractable
Leco Truspec
cations (Na, K, Ca and Mg) were extracted at pH 7 with 0.2 M ammonium acetate and the concentrations were determined with
ICP-OES analysis. Nitrate and ammonia were extracted from the
soil with 1 M KCl. Both Nitrate-N (NO3 − -N) and Ammonium-N
(NH4 + -N) concentrations were colorimetrically determined on a
SEAL AutoAnalyzer 3.

DNA extraction and sequencing using Ion Torrent
DNA was extracted within 24 h of sample collection using the ZR
Soil Microbe DNA kit (Zymo Research, CA, USA). Following the
manufacturer’s protocol, 0.25 g of soil was used and 100 μl of genomic DNA was extracted from each sample. PCR amplification
of the DNA was performed using primers targeting the variable
V4 to V5 region of the 16S rRNA gene. The forward primers were
modified with specific PGM adaptor sequences, barcodes and
barcode adapters (Table S1, Supporting Information) for oneway multiplex sequencing (Ion Torrent Life Technologies, Carlsbad, USA). The total reaction volume (20 μl) contained 12.5 μl of
2 x Kapa KiFi HotSart ReadyMix (Kapa Biosystems, South Africa),
0.25 μM of each primer and 1 μl DNA. PCR reactions were preR PCR System 9700. Amplification condiformed in a GeneAmp
tions consisted of an initial denaturing step at 95◦ C for 5 min
followed by 35 cycles of 98◦ C for 20 s, 75◦ C for 15 s and 72◦ C for
30 s. The reaction was completed with a final extension at 72◦ C
for 1 min and the samples were held at 4◦ C. DNA was purified
R SizeSelect (Life Technologies,
and size selected using the E-Gel
Carlsbad, USA) system. DNA concentration and size distribution
of the PCR products (expected size about 400 bp) were verified
using the Agilent High Sensitivity DNA Kit on the 2100 Bioanalyzer (Agilent Technologies, Santa Clara, USA). The final concentration of each sample was adjusted to 20–25 pM and all samples
were pooled. This pooled sample was used for emulsion PCR acR Template OT2 400 Kit (Life Technolocording to the Ion PGM
gies, Carlsbad, USA). After enrichment, samples were loaded on
an Ion 318 Chip for sequencing (Ion Sequencing Kit User Guide
v2.0, Life Technologies) using the Ion PGM Sequencing 400 Kit on
the PGM (Ion Torrent, Life Technologies, Charlsbad, CA, USA).

Sequence processing and statistical analysis
Sequence data were analysed using MOTHUR v.1.33.3 (Schloss
et al. 2009; Schloss, Gevers and Westcott 2011), following the SOP
tutorial (http://www.mothur.org/wiki/454 SOP) with some modifications. Ion Torrent sff. files for each barcode was generated
after sequencing and assigned to the corresponding sample. The
raw data files obtained from the sequencer were converted into

Postma et al.

3

Table 1. Summary of sampling sites locations, type of soil, season and sample numbers.
Sample number

Soil fraction

wcr1, wcr2
wcb1
wnr1, wnr2
wnb1
dcr5, dcr6, dcr7
dcb3
dnr7, dnr8, dnr9, dnr10
dnb3

Rhizosphere
Bulk soil
Rhizosphere
Bulk soil
Rhizosphere
Bulk soil
Rhizosphere
Bulk soil

wcr3, wcr4
wcb2
wnr3, wnr4
wnb2
dcr3, dcr4
dcb2
dnr3, dnr4, dnr5, dnr6
dnb2
wcr5, wcr6
wcb3
wnr5, wnr6
wnb3
dcr1, dcr2
dcb1
dnr1, dnr2
dnb1

GPS coordinates

Type

Altitude

Season

Farm

Wet

Guava juice

S34◦ 01.797

E24◦ 20,189

Commercial

227

S34◦ 02.802

E24◦ 20.812

Natural

181

S34◦ 01,851

E24◦ 20,187

Commercial

222

S34◦ 02,851

E24◦ 20,795

Natural

167

Rhizosphere
Bulk soil
Rhizosphere
Bulk soil
Rhizosphere
Bulk soil
Rhizosphere
Bulk soil

S33◦ 58.975

E24◦ 12.989

Commercial

538

S33◦ 59.156

E24◦ 12.390

Natural

473

S33◦ 59,075

E24◦ 13,100

Commercial

495

S33◦ 58,998

E24◦ 12,258

Natural

473

Rhizosphere
Bulk soil
Rhizosphere
Bulk soil
Rhizosphere
Bulk soil
Rhizosphere
Bulk soil

S33◦ 52.131

E23◦ 59.102

Commercial

557

S33◦ 51.545

E23◦ 58.316

Natural

561

S33◦ 52,139

E23◦ 59,157

Commercial

563

S33◦ 51,847

E23◦ 58,305

Natural

568

fasta and quality files. Raw sequence data was submitted to the
INSDC (EMBL-EBI/ENS, Genbank, DDBJ) with accession number
DRA003953. Primers, barcodes and barcode adapters were removed from each sequence. Sequences were trimmed and filtered with a quality score >25, homopolymers <8 and a minimum length of 400 bp. Furthermore, only the unique sequences
were extracted to optimize the number of sequences. Sequences
were aligned against the SILVA 115 reference database released
August 23, 2013 (http://www.arb-silva.de/). Aligned sequences
were screened to include sequences that started after and ended
before the position that included 97.5% of the sequences. To remove columns in the alignment that did not contain any data,
the alignment was filtered. Thereafter, unique sequences were
extracted, followed by the pre.cluster command to remove sequences that were likely to have errors. Chimeras were removed
and sequences were classified with a cutoff value of 80. To
calculate uncorrected pairwise distances between aligned DNA
sequences, a distance matrix was generated. The cluster.split
command was then used to assign sequences to Operational
taxonomic units (OTUs).
Alpha and β-diversity metrics are commonly used in microbial ecological studies and give valuable information with
regards to the microbial community structure (Jost 2007). The
Shannon diversity and Chao1 richness indices were calculated
using MOTHUR v.1.34.4 (Schloss et al. 2009). All other calculations and statistical analyses were performed in the R v3.2
software environment (R Development Core Team 2015). Analysis of variance (ANOVA) and Tukey’s honest significant differences tests were performed on the soil chemical properties, αdiversity and richness. Differences in β-diversity between the
samples were tested through permutational multivariate analysis of variance (PERMANOVA, 5000 permutations) and visualized
using non-metric multidimensional scaling (NMDS, Vegan Community Ecology Package V2.0-10; Oksanen et al. 2013). Significant
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Dry

Wet

Montagri

Dry

Wet

Heights

Dry

correlations of the physico-chemical variables with the NMDS
ordinations were determined using least squares linear vector
fitting, after the variables were subjected to z-score standardization. The significance of the fitted vectors was determined by
1000 permutations and a Pr (>r) value <0.05 was judged to be
significant.
Interactions between bacterial taxa play an important role
in shaping the community structure (Williams, Howe and Hofmockel 2014). To test co-occurrence patterns, Spearman’s rank
correlations were calculated between OTUs with more than five
sequences. Strong correlations with an r value ≥ +0.7 and a
P ≤ 0.01 were considered significant. OTU co-occurrence patterns were evaluated with the checkerboard score to confirm
that the co-occurrence patterns were non-random (Stone and
Roberts 1990). Networks were created with the igraph package
and subsequently visualized with the open source platform Cytoscape 3.2.1, using the Fruchterman–Reingold layout (Shannon
et al. 2003).

RESULTS
Bacterial community composition
After quality filtering, a total of 88 523 non-chimeric unique
bacterial sequences were obtained (Table S2, Supporting Information). OTUs were classified to 38 orders. Only 10 of these
orders occurred with a mean relative abundance of ≥1% and
belonged to four phyla, namely Acidobacteria, Actinobacteria,
Bacteroidetes and Proteobacteria. The majority of the Actinobacteria sequences were classified to the Actinomycetales
(91%). The Burkholderiales (32%) and Rhizobiales (32%) were the
most abundant orders within the Proteobacteria. Acidobacteria
and Bacteroidetes were mainly represented by the Acidobacteriales and Sphingobacteriales, respectively (Fig. S1, Supporting
Information).
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Figure 1. Relative abundance of classified sequences at order level. Sequences with a homology ≥80% were used and only orders with a mean relative abundance of
≥1% were included. (A) Distribution of orders in all samples. (B) Samples grouped based on sampling time (wet or dry season). (C) Sample type (commercial or natural
sites). (D) Soil fraction (bulk or rhizosphere soil).

All the soil samples were dominated by the order Actinomycetales with a mean relative abundance of 49 ± 17.25%, followed by Acidobacteriales (16 ± 11%) (Fig. 1A). The overall structure of taxa occurring in commercial and natural (Fig. 1C), as
well as bulk and rhizosphere (Fig. 1D) soil samples were similar. However, the relative abundance of the Burkholderiales was
higher in the rhizosphere (9 ± 4.3%) compared to bulk (2 ± 2%)
soil samples. Significant differences in taxa composition was observed between soil sampled in the wet and dry seasons. Notably, the Sphingomonadales was mainly detected in soil samples collected in the wet season, whereas the Burkholderiales,
Solirubrobacterales, Sphingobacteriales and Xanthomonadales
were mostly detected in soil samples collected in the dry season
(Fig. 1B).

Bacterial OTU diversity and species richness
The Shannon diversity and Chao 1 total species richness indices
were not significantly different between samples collected from
commercial and natural sites, bulk and rhizosphere soil fractions or the different farms (P > 0.05). However, samples collected in the dry season had a significantly higher bacterial diversity (F = 62.29 and P < 0.001) and species richness (F = 12.67
and P < 0.001) compared to the wet season (Fig. 2).
Similarly, there was a significant (PERMANOVA P < 0.05) difference in β-diversity between the wet and dry seasons (Fig. 3).
Significant fitted vectors (Table S3, Supporting Information)
showed that the carbon and soil resistance levels were higher
during the wet than the dry season. No statistically significant
difference could be observed in β-diversity between any of the
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farms. However, some samples from Guava Juice and Heights
had increased NO3 , P, K, Mg, Ca and pH levels. Whereas, increased Na and H+ were observed in samples from the farm
Montagri.

Network analysis
Significant differences were detected in bacterial community
composition and diversity between samples collected in the wet
and dry seasons. Due to these differences, we constructed cooccurrence patterns of possible interactions that could occur between bacterial taxa present in the soil collected during these
two seasons. Clear differences were seen in the non-random cooccurrence patterns of bacterial communities present in the wet
(Fig. 4) and dry seasons (Fig. 5).
The soil microbial co-occurrence network of the wet season samples composed of 178 nodes and 386 edges (Fig. 4A).
This network was characterized by strong co-occurrence patterns between the Acidobacteriaceae and families of bacteria belonging to the Actinobacteria namely Acidothermaceae,
Geodermatophilaceae, Micromonosporaceae, Mycobacteriaceae
and Pseudonocardiaceae. The environmental variables also
showed strong correlations with these families of bacteria. Furthermore, the mean degree (number of correlations) of each
family tends to be independent of its mean relative abundance
over all samples collected during the wet season (Fig. 4B).
The microbial network for the dry season soil samples consisted of 146 nodes and 537 edges (Fig. 5A). This network showed
fewer interactions between bacterial OTUs from different families. The OTUs of the Acidothermaceae and other families from
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Figure 2. Shannon’s diversity index (ANOVA significance values of P < 0.001 and F = 62.29) and total species richness obtained by the Chao 1 index (ANOVA significant
difference values of P < 0.001 and F = 12.67) for bacterial communities between the different sampling times.

between environmental variables. However, fewer interactions
were observed between environmental variables and bacterial OTUs, which included the Acidobacteriaceae, Acidothermaceae and other Actinobacteria. In contrast to the wet season,
the mean degree of the nodes correlated with the mean relative abundance of the families (Fig. 5B). The Acidothermaceae
was the most abundant and had the greatest interconnectivity
(mean degree %). All the families present in the dry season network further showed a lower mean relative abundance and degree percentages compared to the wet season. An exception is
the Solirubrobacteriaceae which had a high degree percentage
although it had the lowest mean relative abundance. This may
be due to their co-occurrence with the Acidothermaceae.

DISCUSSION
Figure 3. Non-metric multidimensional scaling ordination plot of bacterial communities based on the Bray–Curtis distance. Ellipses represent the samples
which were within 95% confidence limit and included the wet and dry season
(Stress = 0.185). A bi-plot is overlaid on the ordination to display soil chemical
variables that have a significant correlation (P < 0.05) with the microbial community structure.

Actinobacteria tend to co-occurred, forming small clusters of interconnections. Prominent interconnections were also observed
between the Acidothermaceae, Burkholderiaceae and Bradyrhizobiaceae. In the dry season strong correlations were observed
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Over the past few years, NGS techniques were extensively used
to get a better understanding of the complex interactions and
functions of microbial communities (Fierer et al. 2007; Fujimoto
et al. 2014; Ju and Zhang 2014; Prober et al. 2015; Rampelotto et al.
2015; Taketani et al. 2015). Using the Ion Torrent PGM sequence
data, we investigated bacterial communities associated with
commercially important Cyclopia spp., focussing on taxonomic
composition, relative abundance, diversity and co-occurrence.
We hypothesized that agricultural practices, seasonal changes
and the rhizosphere of Cyclopia plants will have an effect on the
structure and/or diversity of soil bacterial communities.
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Figure 4. (A) Taxonomic-environmental network created from strong and significant spearman correlations (r > 0.7 and P ≤ 0.01). Network indicates relationships
between environmental variables and bacterial groups co-occurring in the wet season. Node size of each OTU is proportional to the number of connections and the
line thickness proportional to the absolute value of local similarity. Edge line type indicates a positive or negative neighbour interaction. The network composed of
178 nodes and 386 edges. (B) Mean relative abundance (%) of microbial taxonomic groups, classified to family level, present in the wet season (black line). Degree (%) of
taxonomic groups present in co-occurrence patterns are represented by the grey bars. Underlined family names indicate that the family is not present in co-occurrence
patterns in the wet season (Fig. 5)
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Figure 5. (A) Taxonomic-environmental network created from strong and significant spearman correlations (r > 0.7 and P ≤ 0.01). Network indicates relationships
between environmental variables and bacterial groups co-occurring in the dry season. Node size of each OTU is proportional to the number of connections and the
line thickness proportional to the absolute value of local similarity. Edge line type indicates a positive or negative neighbour interaction. The network composed of
146 nodes and 537 edges. (B) Mean relative abundance (%) of microbial taxonomic groups, classified to family level, present in the dry season (black line). Degree (%) of
taxonomic groups present in co-occurrence patterns are represented by the grey bars. Underlined family names indicate that the family is not present in co-occurrence
patterns in the wet season (Fig. 4).
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In this study, we showed that Acidobacteria, Actinobacteria,
Bacteroidetes and Proteobacteria were the most dominant bacterial groups in the low nutrient fynbos soil. This is in agreement with other studies on soil bacterial communities in arid
and semi-arid regions characterized by long periods of dry warm
summers (Kavamura et al. 2013; Acosta-Martı́nez et al. 2014;
Taketani et al. 2015), and Mediterranean climates (Bachar et al.
2010).
Bacterial communities in the rhizosphere are known to be
less diverse and greater in abundance compared to bulk soil
(Smalla et al. 2001; Dennis, Miller and Hirsch 2010; Uroz et al.
2010). In contrast to this observation, we found no statistically significant difference between the bulk and rhizosphere
soil fractions (α-diversity, β-diversity and species richness). This
may be explained by the farming practices and/or the physiology of Cyclopia spp. These factors could also account for the
similarity observed between natural and commercial samples.
Farmers plant Cyclopia plantations in semi-natural areas already
populated with other fynbos plants. This results in very dense
plant growth in commercial fields, comparable to that of plants
occurring in natural areas (Fig. S2, Supporting Information). It
is also well known that plants release root exudates which are
plant specific and serve as signals to select for particular bacterial communities (Bais et al. 2001, 2006; Dennis, Miller and Hirsch
2010; Maseko and Dakora 2013). The root-systems of Cyclopia
plants are deep-rooted with very long lateral roots that may affect soil microbes in large areas surrounding the plant (Spriggs
and Dakora 2009). Due to the dense plant growth, long lateral
roots and specific root exudates released by Cyclopia plants, bulk
soil samples were most likely affected by root exudates of Cyclopia and other fynbos plants in the area. Furthermore, the effect on the soil microbial communities by the root exudates, appear to be the same in natural and commercial areas. Adding
to this, no significant differences in the chemical composition
between bulk and rhizosphere soil fractions as well as natural
and commercial areas were detected, and may explain why no
differences in bacterial communities were observed.
Despite the similarity in diversity and species richness
between the bulk and rhizosphere soil fractions, a significant difference was detected in the relative abundance of the
Burkholderiales. This group was more abundant in the rhizosphere soil samples (Fig. 1D). In the CFR, the most dominant root
nodule forming bacteria associated with legumes, including Cyclopia spp., are Burkholderia species (Elliott et al. 2007; Spriggs and
Dakora 2009; Beukes et al. 2013; Lemaire et al. 2015). Root nodule
bacteria fix atmospheric dinitrogen making it available for the
plant, in exchange for organic carbon compounds (Lionel et al.
2001). This mutualistic interaction may be critical for both plants
and bacteria, especially in the nutrient limited fynbos soils.
The factor which appeared to have the greatest effect on the
microbial communities was the sampling season. Evidence was
presented in this study that supports the hypothesis that seasonal changes affect the bacterial communities in fynbos soil
(Smit et al. 2001; Bell et al. 2009). Differences in soil temperature
may be a major reason for the observed change in bacterial community structure between the cold wet and the warm dry seasons. It is well known that temperature directly affects microbial
activity and community structure in soil (Pietikäinen, Pettersson
and Bååth 2005). Furthermore, root exudation by plants is likely
to change between seasonal growth cycles and developmental
phases (Aulakh et al. 2001) which can affect the bacterial communities.
The significant grouping of samples during the two different seasons (Fig. 3) could also be due to changes in soil proper-
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ties (Stevenson, Hunter and Rhodes 2014). During wet seasons,
plant material is degraded more rapidly than in dry seasons.
Higher abundance of organic matter is thus present (Denef et al.
2001) and, as also seen in this study, will lead to an increase
of carbon levels in the soil. Lower diversity and species richness was observed in the wet season. When conditions become
more favourable, some microorganisms able to quickly utilize
the increased C-sources, can proliferate faster than other slowgrowing taxa. Usually, this leads to a less diverse community
structure due to the dominance of certain groups of fast-growing
taxa (Van Gestel, Merckx and Vlassak 1993). This may be the
case for members of the metabolically versatile Sphingomonadales which were more abundant in soil samples collected during the wet season (Fig. 1B). This also supports the findings
of Bachar and co-workers (2010), where an increase of Sphingomonadaceae was detected along higher precipitation gradients within Mediterranean, semi-arid and arid climatic regions.
In the dry season Burkholderiales, Solirubrobacterales, Sphingobacteriales and Xanthomonadales were found to be more
abundant, similar to other dry and nutrient poor soils (Chong
et al. 2011; Rampelotto et al. 2015). This higher diversity and
species richness observed in the dry season might be beneficial
for functional redundancy (Taketani et al. 2015).
The differences in α- and β-diversity between the seasons are
usually influenced by environmental variables as well as the relationship between microbial taxa (Barberán et al. 2012; Ju and
Zhang 2014). Therefore, we also generated co-occurrence patterns between taxa, comparing samples from the wet and dry
seasons. Co-occurrence in these networks are most likely due to
bacterial taxa sharing similar ecological niches and not due to
symbiotic interactions (Allison and Martiny 2008; Bell et al. 2009;
Barberán et al. 2012; Faust and Raes 2012).
As anticipated, correlation networks from the wet (Fig. 4)
and dry (Fig. 5) seasons showed significant differences in cooccurrence patterns and taxa involved. We considered two possible explanations for these differences. First, the high diversity
of interconnected bacterial OTUs and environmental variables
present in co-occurrence patterns of the wet season might be
due to an increase of water availability and nutrients in the soil.
In wet environments, bacteria and nutrients are able to be transported more easily via water which is otherwise constricted in
dry environments (Abu-ashour et al. 1994). The movement of
bacteria and nutrients in the soil, therefore, increase the likelihood of possible interactions between different taxa, as detected
in this study. Small clusters of interconnected OTUs from families of the Actinobacteria dominated the interactions in the dry
season and might also be an indication of the ability of this group
to tolerate drought conditions. A second possibility explaining
changes in community networks may be due to a change in
root exudate composition. It has been reported that root exudates can respond rapidly to changes in the environment. It is
therefore, likely that seasonal changes can affect the root exudates released by Cyclopia spp. and subsequently alter the microbial community structures (Rovira 1969; Dilkes, Jones and Farrar
2004).

CONCLUSION
To our knowledge, this is the first report that characterizes total
soil bacterial community structures associated with the commercially important fynbos plants, C. subternata and C. longifolia. This study provides evidence that bacterial communities are
highly similar in soil collected from natural and commercially
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grown plants. Therefore, the current practice of planting Cyclopia
in commercial plantations appears to have little effect on the
soil bacterial communities. Significant changes in community
structures and co-occurrence patterns between the two sampling seasons support the contention that microbial taxa adapt
and resist environmental changes differently. In order to fully
understand and evaluate the effect of seasonal changes on bacterial communities associated with Cyclopia spp., future research
should sample more frequent over a longer time period. Evaluating changes in soil moisture levels and root exudates in rhizosphere soil over time, may also give a better understanding to
why these changes occur.

SUPPLEMENTARY DATA
Supplementary data are available at FEMSEC online.
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